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Introduction

Lignin, a complex polyphenolic biomacromolecule, con-
sisting primarily of coniferyl, sinapyl, and p-coumaryl
alcohols (also known as the G, S, and H monolignols), is
a major component of the cell walls of all vascular plants
(Fig. 1). Its presence is crucial for the structural and
mechanical integrity of the cell walls. It also provides
hydrophobicity for water and nutrient transport and protects
cell walls against pathogenic attacks. Lignin’s stability is a
consequence of its structure, which affects the rate of
microbial decomposition of phytomass. Because of its
interaction with cellulose and hemicelluloses in the plant
cell wall, lignin is a major barrier to the utilization of
biomass for energy and for papermaking. There has long
been interest in understanding the structural properties of
lignin, particularly since lignocellulosics have emerged as a
potential sustainable feedstock for replacement of fossil
carbon. Lignin has been found to be related to saccharifi-
cation yield, thus provoking attempts to modify the content/
composition of lignin to improve the efficiency of sacchar-
ification of lignocelluloses [1, 2].

Current techniques for lignin quantification (e.g.,
Klason [2], acetyl bromide [4]) and lignin compositional
analysis (e.g., pyrolysis gas chromatography/mass spec-
trometry [5], thioacidolysis [6]) are very useful but labor-
intensive and therefore are often not appropriate for high-
throughput analysis. Also, methods involving extraction
of lignin require large quantities of samples and may result
in a biased estimation (due to preferential partial extrac-
tion) of the lignin structure while losing cellular specific-
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Abstract A new robust, noninvasive, Raman microspec-
troscopic method is introduced to analyze the structure of
native lignin. Lignin spectra of poplar, Arabidopsis, and
Miscanthus were recovered and structural differences were
unambiguously detected. Compositional analysis of 4-
coumarate-CoA ligase suppressed transgenic poplar
showed that the syringyl-to-guaiacyl ratio decreased by
35% upon the mutation. A cell-specific compositional
analysis of basal stems of Arabidopsis showed similar
distributions of S and G monolignols in xylary fiber cells
and interfascicular cells.
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ity. NMR-based methods have been routinely used to
probe the structure of native lignin [7]. However, this
technique also requires mechanical breakdown of the cell
wall structures, thus resulting in loss of cell-specific
information content.

New analytical tools for lignin analysis which are rapid,
noninvasive, unbiased, and specific at the cellular level are
highly sought after [8]. In this communication, we describe
a new microspectroscopic method for compositional anal-
ysis of native lignin using a combined approach of Raman
microspectroscopy and chemometrics. This method is
unique in three important aspects: (1) it involves neither
extraction nor breakdown of the polymeric structure, thus
facilitating estimation of the structure of native lignin as it
exists in the plant cell wall; (2) the submicron spatial
resolution of confocal Raman microspectroscopy allows the
estimation of the local lignin structure with cellular
specificity; (3) no prior knowledge of the cell wall is
needed (e.g., known spectra of isolated lignin), offering an
efficient means of tracking varying lignin structure. The
method is briefly outlined. Further computational details are
given in the electronic supplementary material, and extensive
discussion of the method and its merits has been given in a
separate publication [9].

As the input, hyperspectral confocal Raman micro-
spectroscopic maps from areas of interest of thin plant
sections were collected. The noisy Raman spectra were first
preprocessed to mitigate noise (with wavelet decomposi-
tion) and the fluorescence baseline was removed by
converting the original spectra into their second derivatives.

The second-derivative spectral matrix was compressed with
principal component analysis. The resultant principal
component analysis matrix was subjected to k-means
clustering to identify compositionally different regions
within the cell wall map (see Fig. S1). Spectral identities
of these spatial regions were calculated by averaging all
original spectra within each cluster. Each average spectrum
is composed of a linear combination of the spectra of pure
components (e.g., lignin, cellulose) of the cell wall. The
average spectral matrix (D) was deconvolved to estimate
the spectra of the pure components with an objective
function based on spectral entropy minimization methodol-
ogy and spectral constraints of nonnegativity of intensity
and weights [10] with a stimulated annealing optimization
algorithm [11]. The spectral entropy minimization method-
ology relies on the fact that the entropies (as defined in
Eq. 4) of the spectra of the pure components are smaller than
those of spectra arising from mixtures of the components.
Spectra of pure components were determined as follows.

First, the D matrix was subjected to singular value
decomposition:

Dk�v ¼ Uk�k � Sk�v � VT
v�v: ð1Þ

Different linear combinations of rows of the right-hand
singular matrix (V) will reproduce all the spectra of the
mixtures of the components as well as the spectra of the
pure components in the system. Therefore, the goal is to
find the combinations of weighting coefficients that
generate the spectra of the pure components.

Fig. 1 Representation of a
lignin moiety of poplar, as
predicted by NMR analysis. S
syringyl, G guaiacyl, SP sinapyl
p-hydroxybenzoate, black
β-aryl ether linkages, green
phenylcoumaran, blue resinol,
orange biphenyl ether, red
cinnamyl alcohol end group,
violet phenolic end group
(From Stewart et al. [3])
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The first pure spectral estimate was calculated by
multiplying each row of the singular matrix (V) with a
random number vector (T1xj):

ba1�v ¼ T1�j � VT
j�v: ð2Þ

The coefficient vector (T) is refined by minimizing an
objective function based on spectral entropy (Eq. 3) and
nonnegativity constraints of intensity and spectral weights
(Eq. 5) to obtain the spectra of the pure components:

Obj ¼ �Σv hv ln hv þ P: ð3Þ

The entropy term is

hv ¼ d bavð Þ=dvn
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: ð4Þ

The penalty function is

P ba1�v;bck�1ð Þ ¼ F ba1�vð Þ þ F bck�1ð Þ: ð5Þ
F bck�1ð Þ and F ba1�vð Þ represent penalty functions for

nonnegativity of spectral weights and intensity respectively.
This mathematical procedure allows us to separate

carbohydrate spectral features from the lignin spectrum
and vice versa, efficiently.

To date, Raman microspectroscopy has been utilized to
map out the relative abundance of lignin in cell walls, in
general, based on the lignin signature peaks between 1,590
and 1,660 cm-1, the aryl ring stretching modes of lignin
[12–14]. However, the inability of traditional data analysis
methods to unambiguously detect the vibrational signatures
of different monolignol units of lignin due to high spectral
overlap with signals from cellulose and hemicelluloses has
severely limited the utility of Raman microspectroscopy for
in situ lignin structure analysis. Furthermore, chemical and
extraction modifications of the lignin structure result in
significant changes in the Raman spectra, thus preventing
knowledge of the native structure being obtained [16]. In
contrast, the ability of our data analysis method to recover
the complete Raman lignin spectrum, including the peaks
that are unique to different monolignol units, allows us to
analyze the native lignin composition in situ without
extraction or chemical or mechanical degradation of the
polymeric structure of lignin as demonstrated in the
remainder of this publication.

Estimated native lignin spectra from three different
angiosperms, namely, fiber cells of poplar (Populus
trichocarpa—a woody angiosperm), interfascicular cells
of Arabidopsis (Arabidopsis thaliana—a nonwoody angio-
sperm), and a potential energy crop, the perennial grass
Miscanthus (Miscanthus giganteus), are shown in Fig. 2.
These spectra clearly show, other than the peak at
approximately 1,600 cm-1 (aryl stretching mode [13]),
peaks that are characteristic of different monolignol units.

We have previously assigned all major peaks of the
estimated lignin spectrum of Populus trichocarpa to known
vibrational modes of lignin, based on the literature [9], thus
eliminating the possibility of spectral contaminations from
other components in the cell wall, including pigments.

A comparison of the Raman spectra of extracted lignin
from Miscanthus and poplar with the estimated lignin
spectra of the respective plants further validated our
procedure (see Figs. S3, S4). The lignin spectrum of
Miscanthus, a monocot, is substantially different from the
other two lignin spectra. Notably, the aryl ring stretching
mode in the lignin spectrum of Miscanthus is narrower than
the corresponding modes of the two dicots. Assuming that
peak broadening is dominated by inhomogeneities of the
local structure, we conclude that lignin structure in grass is
relatively more homogeneous than that of the dicots. This
observation is further supported by comparatively narrower
peaks at 1,270 cm-1 and 1,177 cm-1. Also, the lignin
spectrum of Miscanthus displays fewer peaks than the
spectra of the two dicots and is less congested between
1,240 cm-1 and 1,400 cm-1. It is known from wet chemical
analyses of bulk Miscanthus samples that more than 90% of
the lignin exists as “noncondensed” lignin [17] compared
with 40-50% in dicots, thus providing a rationale for the
homogeneous nature. As indicated by the relatively intense
peak at 1,211 cm-1 [15], Miscanthus lignin is also shown to
contain measurable amounts of hydroxyphenyl (H) units,
which is in contrast to the two dicots. These H units are
generally difficult to track with lignin extraction methods as
they are associated with the “condensed lignin” part of the
polymer which is hard to extract from the cell wall matrix.
Furthermore, the shoulder peak at 1,665 cm-1 which has
been assigned to conjugated C=C and C=O modes of
coniferyl alcohol and coniferaldehyde, respectively [13], is
absent in Miscanthus lignin, and a new broad peak appears
at 1,702 cm-1. The latter peak could arise from the acyl
groups of highly acylated lignin in Miscanthus [17]. Further
structural differences are indicated by the phenolic mode of

Fig. 2 Estimated Raman lignin spectra of Arabidopsis (blue), poplar
(red), and Miscanthus (black). Spectra are vertically offset for clarity.
Peak assignments are based on literature references [13, 15]
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Miscanthus which has narrowed and shifted to 1,177 cm-1,
compared with 1,154 cm-1 for the two dicots. A similar
shift for the phenolic mode of guaiacyl (G) units of
Miscanthus lignin was shown in a recent study [18].

Signature peaks of G units at approximately 1,270 cm-1

and syringyl (S) units at approximately 1,333 cm-1 can be
used to calculate the relative abundance of these units. We
calculated the S-to-G ratio for these lignin spectra as follows.
First, the region between 1,240 cm-1 and 1,380 cm-1 was
fitted to a set of four Gaussians (not shown) which include
peaks at 1,272-1,276 cm-1 and 1,332-1,336 cm-1 to represent
G and S units, respectively. S-to-G ratios were calculated by
using the area under the G and S Gaussians peaks and the
Raman cross-sectional ratios of those peaks (determined by
using lignin model compounds). We calculated S-to-G molar
ratios of 0.5±0.08, 0.6±0.1, and 1.9±0.2 for Miscanthus,
Arabidopsis, and poplar, respectively. These ratios are
comparable to reported values for stem cell tissues: 0.7 for
Miscanthus (milled wood lignin obtained by 2D NMR
spectroscopy and thioacidolysis) [17], 0.2 [19] to 0.3 [20]
for Arabidopsis, and 1.8–2 for poplar (NMR spectroscopy
and thioacidolysis) [21]. Although the results are in reason-
ably good agreement with results obtained by other methods,
our measurements are specific to particular cell types, whereas
the ratios determined by NMR spectroscopy and thioacidol-
ysis represent average values for stem tissues. To highlight the
differences, for example, interfascicular cells from floral stems
of Arabidopsis have been shown to have an S-to-G ratio of
0.64 compared with 0.3 for whole-stem samples [20].

Thus, whenever methods are used that provide bulk
measurements for parts of the plant (e.g., stem, leaves),
such as NMR spectroscopy and thioacidolysis, information
on cell-specific variations in lignin composition and
structure may be masked by ensemble averaging. As shown
by histochemical analysis [22] and recently also by laser
capture microdissection [20], lignin distribution and mono-
lignol composition show spatially and temporally variable
behavior. We demonstrate the ability of our method to
extract cell-specific lignin spectra and thereby to determine
the lignin composition of interfascicular and xylary fiber
(fibers plus vessels) cells in the vascular bundle of basal
stems of Arabidopsis thaliana (see Figs. S5, S6). Our
results indicate statistically similar S-to-G ratios for xylary
fiber cells (0.76±0.14) and for interfascicular cells (0.64±
0.12) of basal stems from senescent Arabidopsis plants. In
contrast, compared with interfascicular cells, the vascular
bundle of floral stems studied by laser capture microdis-
section followed by gas chromatography/mass spectrometry
was found to have a factor of 2 lower S-to-G ratio [20].
However, a qualitative histochemical staining of basal
stems has shown that both interfascicular cells and xylary
fibers react positively to S and G staining, although no
quantitative estimates were presented [22].

An important application of our method is the rapid
compositional and structural screening of mutant pheno-
types as demonstrated in the following example. A
comparison between the lignin spectra from transgenic
poplar deficient in lignin (transgenic suppression of a
monolignol biosynthesis gene encoding 4-coumarate-CoA
ligase [2]) and wild-type poplar is shown in Fig. 3. The
lignin content was shown to be reduced by 28% and 40%
(based on the area under the aryl stretching peak) for two
transgenic lines. More importantly, by fitting the region
between 1,240 cm-1 and 1,380 cm-1 to four Gaussians,
including two at 1,272 cm-1 and 1,333 cm-1 (inset in
Fig. 3), we found that the S-to-G ratio had decreased from
1.9±0.2 in the wild type to 1.2±0.05, which corresponds to
an approximately 35% reduction for both transgenic lines
relative to the wild type. Further evidence of structural
changes in lignin caused by the transgenic suppression is
confirmed by the shift of the 1,140-cm-1 peak of the wild
type to 1,155 cm-1 for both transgenic lines.

In conclusion, a novel method that combines Raman
microspectroscopy and chemometrics has been successfully
employed to estimate the spectrum of native lignin in three
different plant species as it occurs in the plant cell wall. The
estimated Raman lignin spectrum of Miscanthus was
clearly distinct from the spectra of Arabidopsis and poplar.
A cell-specific examination of xylary fiber cells and
interfascicular cells of senescent basal stems of Arabidopsis
found a similar monolignol composition in contrast to the
finding for floral stems. We have also shown that transgenic
suppression of 4-coumarate-CoA ligase in poplar resulted
not only in a reduction of lignin content in the plant cell
wall but also in a significant change in the S-to-G ratio.
Moreover, efforts are under way to identify Raman

Fig. 3 Estimated Raman lignin spectra of wild-type poplar (black)
and two lines of lignin-deficient transgenic 4-coumarate-CoA ligase
(4CL) poplar (red and blue). Inset: Peak-fitted region of 1,235–
1,400 cm-1 of wild-type and transgenic poplar. Each spectrum has
been fitted with four Gaussians. Dashed lines represent the G
signature peak (1,273 cm-1) and the S signature peak (1,336 cm-1) of
wild-type polar (black) and 4CL poplar (red). The dotted Gaussians
are due to other lignin peaks, which are inconsequential for
determining the S-to-G ratio
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signatures of other important lignin units (e.g., phenyl-
coumaran, resinol) and noncondensed lignin, i.e., Raman
signatures of β-O-4 linkages, which are important for the
recalcitrance of the cell wall. We will thus be able to unlock
more structural details using the full lignin spectrum,
extending the utility of our method in the future.
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